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ABSTRACT 
Benthic diatoms often dominate primary production and contribute to important 
ecosystem functions on intertidal mudflats. Diatoms fuel the benthic food web and even 
shape the intertidal landscape by producing extracellular polymeric substances (EPS), 
which improve the sediment’s resistance to erosion. Experiments indicate that these 
communities are likely to be sensitive to increased temperatures and more frequent heat 
stress, corresponding to predicted effects of climate change. In the present study, we 
tested the effect of a simulated heat wave on mudflat diatoms. Homogenous sediment 
cores were constructed in the lab using diatom-rich sediment collected on the intertidal 
mudflat in the Wadden Sea. In a climate chamber, we exposed the cores to a diurnal cycle 
simulating natural temperature fluctuations for six days, where half of the cores 
repeatedly experienced moderate temperatures (Control) and the other half experienced a 
daily increase in peak temperatures (Heatwave). Fluorescence decreased in all samples 
over time but showed significantly greater decline in the cores exposed to increasing 
temperatures. However, we detected no significant changes in chlorophyll a or EPS 
concentrations between the temperature treatments. The results demonstrate that intense 
heat stress inhibited productivity, but that further study is needed to understand how 
rising temperatures may change the structure and stability of intertidal mudflat 
communities.   
 

INTRODUCTION 
 
Heat waves are predicted to occur more frequently, to be more intense, and to have 
longer duration by the end of the 21st century as a result of climate change (Beniston et 
al. 2007; Easterling et al. 2000; Meehl and Tebaldi 2004) and these fluctuations could 
dramatically affect food web structure (O’Connor et al. 2009) and primary producer 
productivity (O’Connor et al. 2011). The question of what effect heat waves have upon 
benthic diatom communities of the Wadden Sea is pertinent because this has additional 
implications not only for food web interactions and productivity but also for the stability 
of the region's low-lying islands. 
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On intertidal mudflats, benthic microalgae can achieve high densities on the sediment 
surface and perform multiple functions for the ecosystem. These microphytobenthic 
communities are found in the top few millimeters of the sediment’s surface where light 
reaches; below this, the sediment may abruptly change from fully oxygenated to anoxic 
(MacIntyre et al. 1996).  As primary producers, the services they provide include acting 
as the foundation of the benthic and planktonic food webs (Guarini et al. 1997). In the 
northern Wadden Sea, over half of the community’s gross primary production was 
calculated to come from microphytobenthos (Asmus 1982), and their contribution as a 
food source for grazers is therefore significant (Miller et al. 1996). 
 
Muddy substrates of the microphytobenthos are often dominated by diatoms (Yallop et 
al. 1994). Diatoms shape the benthic environment by secreting extracellular polymeric 
substances (EPS). Diatoms use these mucosal carbohydrates for locomotion and sticking 
in groups (Sutherland et al. 1998a). By producing EPS, diatoms have the important 
function in mudflat communities of creating a mucous biofilm on top of the sediment 
(Miller et al. 1996; Sutherland et al. 1998a; Tolhurst et al. 2008).  The biofilm increases 
sediment cohesion and decreases roughness, leading to reduced erosion (Paterson 1989).  
 
EPS is produced in proportion to overall primary production, at varying rates (Miller et 
al. 1996). It has been shown that EPS quantities can be predicted by abundance of 
chlorophyll a pigment, and both factors are correlated with the biomass of diatoms 
(Underwood and Smith 1998) and with the presence of biofilm. EPS and chlorophyll a 
have also both been shown to reflect erosion threshold (Sutherland et al. 1998a; 
Sutherland et al. 1998b).  
 
Benthic diatom communities are likely to be sensitive to changes in temperature (Guarini 
et al. 1997; Blanchard et al. 1996). Although they are adapted to a degree of fluctuation 
in environmental conditions, it has been shown that a decrease in photosynthetic capacity 
occurs when optimum temperatures are exceeded (Guarini et al. 1997; Rasmussen et al. 
1983). Due to the aforementioned link between photosynthesis, EPS production, and 
sediment stability, increased temperatures might furthermore have an effect on mudflat 
food web interactions as well as resistance to erosion.  
 
In this study, we conduct a controlled laboratory experiment to test the effects of a 
realistic heat wave on benthic diatom communities, particularly regarding their 
productivity in terms of photosynthesis and EPS.  We submitted homogenized benthic 
cores containing diatoms to two temperature conditions. We monitored fluorescence, 
chlorophyll a, and EPS, expecting that all three parameters would be directly correlated. 
We hypothesized that a temperature increase in the form of a simulated heat wave would 
trigger a decrease in diatom productivity that would be indicated by a reduction in 
fluorescence, chlorophyll a, and EPS.  
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MATERIALS AND METHODS 
 

Experimental Setup 
Collecting Samples 
Samples were collected from the mudflat of Schiermonnikoog Island, in the Dutch part of 
the Wadden Sea (53°28'16.5"N 6°11'31.1"E), during daytime low tides in late October 
2013. We visually identified diatom-rich areas (Fig. 1) and scraped the biofilm off the 
mud’s surface into small containers, which were transported back to the laboratory in 
cool, dark conditions. We also collected abiotic sediment, in larger volumes, by removing 
the top layer of sediment and filtering the mud through a sieve to remove animals and 
large objects.  
 

 
FIGURE 1. On the mudflat, diatom-rich areas with biofilm are visually identified as darker 
patches (often also on slightly elevated hummocks of sediment). Here, they can also be seen 
producing bubbles of oxygen as a consequence of photosynthesis.  
 
Upon immediate return to the laboratory, within five hours of collection, samples were 
prepared for the experiment. Six plastic bins of dimensions 26x16x12cm were prepared 
with a base layer of abiotic sediment approximately 3cm deep. PVC tubes (diameter 8cm) 
had been cut into 6cm long sections; 6 tubes were placed inside each bin, in two rows of 
three, and halfway filled with abiotic sediment.  
 
We thoroughly mixed the diatom-rich sediment to ensure homogeneity across all 
replicates and then distributed it to cover the surface of each core. Filtered seawater was 
poured between the cores in each bin, and added as needed throughout the experiment. 
All bins were randomly divided into equal groups and placed into two climate chambers 
resulting in 3 bins containing 18 cores total per treatment (Fig. 2).  
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FIGURE 2. Six homogenous cores were created and placed into each bin. Three bins were 
randomly assigned to each of the two treatments. Filtered seawater was added by pouring in 
between the cores.  
 
Climate Chambers 
Two climate chambers were programmed to one of two treatment conditions: Heatwave 
or Control (Fig. 3). In both conditions, nighttime temperature was consistently 19°C, and 
the first day was identical to allow the diatoms to acclimate. In the Control, each day rose 
to an afternoon peak of 25°C, and the same pattern was repeated daily. In Heatwave, each 
day, the afternoon peak temperature rose higher and higher ultimately reaching 35°C on 
the sixth and final day. These treatments reflect realistic scenarios for this environment 
(Blanchard et al. 1996) and, in the case of Control, correspond to actual observed 
temperatures at the time of collection. In both treatments, the light settings were identical; 
lights were off at night, on at 50% during the morning and late afternoon, and at 100% 
during the temperature peak.  
 
Including the sample collection day, the experiment lasted for seven days, allowing for 
six days of data measurements.  
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FIGURE 3. Samples were placed in climate chambers programmed to one of two treatment 
conditions, Control (cycling consistently between 19°C at night and 25°C during the afternoon 
peak) or Heatwave (consistent nighttime lows of 19°C but each afternoon rising gradually to 
35°C).  
 

Data collection and analysis 
Fluorescence  
Fluorescence measurements of each core were taken twice each day, first at 9.00 and then 
at 16.00, to assess fluorescence levels before the midday temperature peak and after. The 
measurements were taken in a dark room with a fluorometer was held above the cores’ 
surface (Supplement 1). In each session, three measurements were taken per core, at 
different spots; these three points were averaged for the analysis, yielding a mean 
fluorescence value for each core at each time of measurement.  
 
This data was analyzed by performing a repeated measurement two-way ANOVA 
(RStudio Version 0.98.507) on the averaged fluorescence values from each bin, with 
treatment (Control or Heatwave) and time (in days since experiment’s start) as the two 
independent variables.  
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Chlorophyll a and EPS 
To test for chlorophyll a and EPS quantities, it was necessary to remove cores completely 
from the experiment. Days 2, 4 and 6 of the experiment were selected as sample days. 
We took destructive samples in the afternoon after fluorescence measurements had been 
completed. Two cores were randomly selected from each bin.  
 
Four equal-sized quantities of sediment were scooped off the core’s surface. One quarter 
of the sample was set aside for EPS measurements, one quarter for bacteria 
measurements (which were not completed for this report), and the remaining two for 
chlorophyll a measurements. We packaged each into aluminum foil and stored them in 
individual Ziploc bags. Samples to be analyzed for bacteria and chlorophyll a were stored 
at -20°C while EPS was stored at -80°C.  
 
Chlorophyll a levels were determined (as described in Supplement 2) by first freeze-
drying the samples. We added Acetone (90%), and then placed the samples in an 
ultrasound bath, vortexed and frozen again. After at least 48 hours, they were centrifuged; 
the supernatant was collected, a dilution was performed to achieve a concentration within 
a measurable range, and the sample measured in a Trilogy Laboratory Fluorometer. 
 
The protocol for analyzing EPS content (Supplement 3) called for mixing the sample 
with filtered seawater and adding the supernatant to 96% ethanol before freezing 
overnight. Subsequently, the tubes were dried and the remaining pellet was resuspended 
in MilliQ. A glucose solution was then used to assess the samples’ absorbance.  
 
We analyzed this data by performing a two-way ANOVA (RStudio Version 0.98.507). 
Chlorophyll a and EPS quantities were averaged per bin and analyzed against treatment 
(Control or Heatwave) and time (in days since experiment’s start) as the two independent 
variables. 

 
RESULTS 

 
Fluorescence 
Over the course of the six-day experiment, fluorescence declined in all samples, but its 
decline in Heatwave was much greater than in Control, both in measurements made in the 
morning (d.f.=1, F=44.71, p=0.0026) (Fig. 4a) and those made in the afternoon (d.f.=1, 
F=21.92, p=0.0094) (Fig. 4b). 
 
Additionally, the change in fluorescence between morning and afternoon (daytime 
change), and between afternoon and the following morning (nighttime change) was 
calculated. In daytime change, no significant difference was found between the 
treatments (d.f.=1, F=4.40, p=0.104). Both treatments typically saw a drop in 
fluorescence between the morning (before the midday temperature peak) and the evening 
(after the midday peak).  
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In nighttime change, however, Heatwave and Control show significantly different 
patterns (d.f.=1, F=15.29, p=0.0174) with Heatwave tending towards overnight decline 
and Control showing more overnight recovery (Fig. 4c).  
 

A. B.  

C.  
FIGURE 4. Average fluorescence of sediment cores in the morning (A) and afternoon (B) over 
time, and average nighttime change in fluorescence (difference between afternoon and the 
following morning) (C). Half of the cores were exposed to a daily increase in peak temperature 
(Heatwave) and half to a stable daily cycle (Control). Error bars denote one standard error.  
 
Chlorophyll a and EPS abundance 
Unlike fluorescence, chlorophyll a levels showed no significant difference between the 
Heatwave and Control treatments (d.f.=1, F=1.52, p=0.226) despite giving the 
appearance of a trend that mirrors the pattern found in fluorescence (Fig. 5a).  
 
EPS concentrations showed no significant difference between the Heatwave and Control 
(d.f.=1, F=0.10, p=0.756), and did not change over time (d.f.=2, F=1.49, p=0.241) (Fig. 
5b).  
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A. B.  
FIGURE 5. Average abundance of chlorophyll a (A) and EPS (B) in sediment cores (average was 
taken of six cores nested in one bin). Half of the cores were exposed to a daily increase in peak 
temperature (Heatwave) and half to a stable daily cycle (Control). Error bars denote one standard 
error.  
 

DISCUSSION 
 
This study tested the effects of a heat wave on benthic diatom communities. We 
demonstrate that diatom production suffered significantly when exposed to a realistic 
temperature increase. Fluorescence decreased strongly in sediment cores exposed to a 
laboratory-generated heatwave, as compared to a diurnal control. This supports previous 
findings demonstrating that diatom productivity is inhibited when the temperature 
exceeds an optimum of about 26 ºC (Blanchard et al. 1996; Guarini et al. 1997; 
Rasmussen et al. 1983).  Realistic heat wave conditions are thus amply warm enough to 
trigger a decline in production, which may have significant effects on the mudflats 
ecosystem. However, my results deviate from earlier findings in that the abundance of 
chlorophyll a and EPS was not affected.  
 
Photosynthetic productivity 
Flourescence declined over time in all samples but the decline was significantly stronger 
in cores exposed to the Heatwave. This suggests that the Heatwave inhibited the diatoms’ 
productivity. Although one might expect rising temperatures to promote productivity, the 
literature confirms that when temperatures surpass a high optimum, they can trigger a 
decline (Blanchard et al. 1996; Guarini et al. 1997; Rasmussen et al. 1983). There are 
two likely explanations for the different responses of the Heatwave and Control cores. 
The decline in Heatwave may simply result from temperatures exceeding optimum levels. 
Alternatively, since both treatments experienced the same base temperature of 19°C each 
night, the Heatwave cores experienced large swings from high to low. This might have 
kept the diatoms from adapting to the increasing temperature. Thus, it may have been the 
extreme fluctuations that caused the different patterns in productivity, rather than (or in 
addition to) the warmth itself. However, this is what you would expect in nature since 
water temperatures rarely exceeds 19-20°C. 
 
Overnight recovery differed notably between the increasing Heatwave and stable diurnal 
Control. This cooler night phase appears to be a determinant in how well the diatoms 
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tolerate daytime heat. The daytime temperature peak in both treatments led to a drop in 
fluorescence between morning and evening. In the Control, the diatoms recovered 
overnight so that by morning they were once again fluorescing at a higher rate than the 
prior afternoon. In the Heatwave treatment, however, the diatoms were seemingly 
crippled by the ever-increasing temperatures, to the point that they could no longer 
recover at the end of the experiment.  
 
Sediment stability: Linking Chlorophyll a with EPS  
Our study does not support earlier findings suggesting a correlation between chlorophyll 
a and EPS (Underwood and Smith 1998). Prior studies also link these factors to erosion 
rates (Sutherland et al. 1998a; Sutherland et al. 1998b). Given that the study did affect 
fluorescence, and that the link between EPS and photosynthesis is quite widely accepted 
(Sutherland et al. 1998a; Tolhurst, et al. 2008; de Winder et al. 1999; Yallop et al. 1994), 
it would be surprising if the treatments had no influence on the quantities of chlorophyll a 
and EPS produced. Thus we have cause to speculate that there are other factors at play in 
these results.  
 
EPS production in our experiment did appear to occur. Where benthic diatoms 
congregate, self-organizing spatial patterns tend to arise: specifically, the surface of the 
mudflat becomes mottled with alternating higher-elevation hummocks covered in diatom 
biofilm (a result of EPS production) and lower-elevation water channels without biofilm 
(Weerman 2010). We observed this during collection on the mudflat, where it was easy to 
distinguish diatom mats by color, texture, and by their location on higher points. We also 
noticed mats form on the cores in the experiment, as a thicker and stickier surface layer, 
within a couple of days.   
 
It’s known that bacteria may influence EPS levels (Gerbersdorf et al. 2009; de Winder et 
al. 1999) and this could have confounded the results, although samples were stored in-
80°C to prevent consumption after sampling. It is also possible that the effects of 
temperature and production on EPS quantities don’t emerge immediately. If these 
changes take more time to develop, the results would become apparent if the study was 
carried out for a longer period.  
 
Sediment stability: The role of bacteria 
The role of diatoms as mudflat ecosystem engineers has been well established, but 
Gerbersdorf et al. (2009) suggests that bacteria also contribute to sediment stabilization. 
It is known that diatom biofilm not only creates a more stable environment for the 
diatoms, but that biofilms are also linked with increased abundance and production of 
heterotrophic bacteria (van Duyl 2000). The bacteria’s own mucus is thought to enhance 
stability; however they may also consume EPS when resources are limited – thus 
becoming a destabilizing factor under certain conditions (van Duyl 2000).  
 
During this study, samples were collected and set aside for later analysis of bacteria 
levels. These analyses could not be conducted prior to this report’s completion but their 
eventual processing is expected to reveal information about the interaction between these 
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organisms. Further study on this topic may inform a clearer understanding of if and how 
these communities may be destabilized by severe heat waves.  
 
Implications for the Wadden Islands  
This controlled experiment partly verified documented trends in diatom sensitivity to heat 
stress (Guarini et al. 1997, Blanchard et al. 1996). Results showed that this vulnerability 
translates to a measurable decrease in productivity. We did not demonstrate direct 
impacts on chlorophyll a and EPS production or sediment stability, perhaps due to the 
limited duration of the experiment. However, the strong evidence from previous studies 
on this topic (Sutherland et al. 1998a; Tolhurst, et al. 2008; Underwood and Smith 1998) 
means we can not assume that these factors are immune to the effects of heat waves.  
 
To better understand the relationship between diatom productivity, bacterial dominance, 
and sediment stability, it will be important to examine in future research whether heat-
inhibited productivity are true in situ and over longer periods of time.  
 
The temperature conditions (Heatwave and Control) were created to reflect natural 
conditions in a simplified way. It will be interesting to improve the realism by integrating 
additional factors. In the present study, the periods represent the daily temperature peaks 
that would occur if there was a single low tide every day. Natural tidal cycles can be 
extremely complex so a complete picture should address multiple other factors 
(Blanchard et al. 1996). A high tide during the day, and its cooling effect, might mitigate 
an extreme heat wave for example. On the other hand, that may create a temperature 
fluctuation that harms the diatoms more than a dramatic yet consistent rise in heat. Given 
the overnight changes in fluorescence observed in this study, the details of diatom 
resilience and recovery will likely also be important.  
 
There are other ecological and physical factors that come into play when predicting 
diatoms’ response to heat stress. For example, the effect of warming may vary according 
to nutrient availability (O’Connor et al. 2009). Furthermore, variation in productivity is 
expected (Asmus 1982; Cadée and Hegeman 1979) not only due to changing weather 
patterns but also shifting species assemblage and community structure (Blanchard et al. 
1996). Thus it should be taken into account that heat wave effects on mudflat diatom 
communities will differ by season.  
 
Conclusion 
This study provides evidence that heat waves inhibit productivity in benthic diatom 
communities. In the event that heatwaves with increasing frequency and severity trigger a 
major decline in diatom productivity, a decrease in erosion threshold might occur that 
would have drastic implications for the mudflats of the Wadden Sea. The Wadden Islands 
are low-lying and already prone to erosion and sea level rise, thanks to both natural and 
human causes (Hillen and Roelse 1995; Reise 2005), making sediment stability an 
important factor in preserving both the wildlife and human communities that reside on 
these islands.  It will be important to continue research on the effects of heats stress on 
these benthic ecosystems in order to better understand the potential effects and how to 
address them.   
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SUPPLEMENTS 

 
Supplement 1 

Fluorescence measurements with PAM 
 

Measurements were taken on a MINI-PAM-II (Heinz Walz GmbH) 
Fluorescence setting at 300 absorbance 
Auto zero setting at 238 (setting #2) 
Zero-offs setting at 238 (setting #33) 
Measure intensity setting at 10 (setting #42). 
Measuring light was off (setting #3) 
 

-‐ When measuring fluorescence, hold probe approximately 5 mm above the 
sediment. For accuracy, measurement should be taken over a spot that reads no 
less than 300 while hovering (whenever possible; as cores declined it became 
difficult to find a spot that reached this level). 

-‐ Measure three times in three different random locations. Never measure twice in a 
row at the same locations, since diatoms experience photo-inhibition after the 
measuring flash and this may alter the fluorescence results. 
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Supplement 2: 
Chlorophyll a analysis protocol 

 
Chlorophyll a measurement extracted from sediment 
 
NB. Keep samples out of light as much as possible, also when handling and measuring ! 
 
First day 

-‐ Label 15 mL falcon tubes 
-‐ Weigh the falcon tubes and then put the balance at zero with the falcon tube still 

on. 
-‐ Open the aluminium envelope and add roughly 375 g of sediment into the falcon 

tube ( Write down the exact weight added of the sediment sample) 
-‐ Add 5 mL of 90 % acetone 
-‐ Vortex the falcon tubes containing sample and acetone 
-‐ Place falcon tubes containing sample and acetone in an ultrasound bath covered in 

ice for 30 min 
Second day 

-‐ Store the falcon tubes containing the samples and acetone at -20 º C  
-‐ After 24 hours vortex all the falcon tubes containing the samples and acetone 
-‐ Store the falcon tubes containing the sample and acetone at -20 º C again for 24 

hours 
Third day 

-‐ Take the samples out of the freezer and vortex them 
-‐ Let them rest so the sediment particles can settle 
-‐ Transfer 0.2 mL of sample from the falcon tubes and 1.8 mL of acetone 90% into 

an Eppendorf cup (2,2 mL) 
-‐ Centrifuge the Eppendorf cups containing the sample for 18 min at 4500 rcf 

 
Analysis with Trilogy Laboratory Fluorometer 
(Calibrated beforehand with known chlorophyll concentrations) 
 

-‐ Transfer 1,2 mL of the centrifuged sample (Make sure to take the supernatant and 
not the sediment leftovers) to the Trilogy round vial with screw cap. 

-‐ Make sure the outside of the vial is clean (wipe with tissue!) 
-‐ Place the vial in the machine and start the program MEASURE 

FLUORESCENCE (calibrated) 
-‐ Enter 1 for volume of filtered water and 1 for volume of sample 
-‐ The chlorophyll a results are in µl/mg 
-‐ Rinse the vial three times with 90% acetone and let dry before using it for a new 

sample 
 

Make sure the results of the fluorometer not exceed 0.8 µl/mg ( 1,500,000 in RAW units) 
Since at higher values the fluorescence signal will be absorbed again by the chlorophyll 
a, resulting in a lower value. Dilute the sample (approximately until the green colour is 
barely visible) and repeat for every sample. 
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Supplement 3: 
EPS extraction procedure 

 
EPS extraction  and analysis protocol 
 
Preparation of the samples 

-‐ At least one hour before starting, prepare and mark empty 15 mL falcon tubes, 
add 10.715 mL EtOH 96 % and put in freezer at -20 ºC. 

-‐ Weigh the destructive sample and scoop the sediment into a 15 mL falcon tube  
-‐ Add 3 mL of filtered (North Sea) seawater with 31 psu. 
-‐ Vortex  and shake the samples and let the sediment settle down for 30 min at 

room temperature. 
 

Sampling day 
-‐ Centrifuge the 15 mL falcon tubes with seawater and sediment in them with XXX 

at 3500 x g for 15 min at room temperature (de Brouwer&Stal 2002). 
-‐ Remove 2.4 mL of the supernatant (EPS) from the centrifuged 15 mL falcon tubes 

with sediment and seawater in them and add this to the 15 mL falcon tubes with 
EtOH 96% in them. 

-‐ Turn the whole rack of falcon tubes with the EtOH 96% and supernatant twice to 
mix and precipitate over night at -20 ºC (Wolfstein et al 2002) 

 
Next day 
-‐ Centrifuge the falcon tubes with EtOH 96% and EPS again at 5000 x g for 15 min 

at room temperature (if correct, a pellet has formed on the bottom of the falcon 
tube, this is the EPS) 

-‐ Pour out the EtOH 96%, after centrifuging the samples, and let the tubes dry 
upside down on paper. 

-‐ Then put the falcon tubes with the pellets inside, in a (ventilated) stove at 60 ºC 
for 10 min. 

-‐ Add 5 mL MiliQ to the falcon tubes with the pellets inside to dilute the EPS 
(Diluted 10 times since extinguishment will otherwise influence the accuracy). 

-‐ Freeze the falcon tubes with the MiliQ and EPS in them at – 20 ºC (until analysis) 
 
Preparation of the Phenol solution 50% (wt/v) 
 
NB.  Do not use old phenol (brownish colour) since this can influence the accuracy of the 
analysis. 
 
Preparation of phenol 

-‐ Weigh the phenol using a balance under the hood  
-‐ Dissolve 25 g of phenol with 50 mL of MiliQ in a glass bottle with hard cap, mix 

by using a magnetic stirrer 
-‐ Keep the bottle with dissolved phenol on the magnetic stirrer while using (since 

phenol sinks ) 
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Preparation of the glucose standards for the analysis 
-‐ Use standard glucose with a molecular weight of 180,16 
-‐ Dry the glucose overnight in a vacuum exicator (0.5 g) 
Dilution series 
-‐ Dissolve 50 mg of glucose in 100 mL MiliQ 
-‐ Use 5 mL of the 2:1 solution and dilute this with 20 mL of MiliQ (4:1) 
-‐ Pipette 2 mL of the 4:1 solution into an Eppendorf cup (#1) 
-‐ Pipette 1 mL of Eppendorf cup #1 into an empty Eppendorf cup #2 and add 1 mL 

MiliQ to #2  
-‐ Pipette 1 mL of the #2 cup into an empty #3 cup and add 1mL MiliQ to #3 
-‐ Continue until the dilution series to #9 and add a blank ( only MiliQ). 

 
Number of  
Eppendorf cup  

Amount of mL 
removed 

Amount of removed 
mL added  

Concentration of 
glucose  (%) 

1 1 mL - 100 
2 1 mL 1 mL of #1 50 
3 1 mL 1 mL of #2 25 
4 1 mL 1 mL of #3 12.5 
5 1 mL 1 mL of #4 6.25 
6 1 mL 1 mL of #5 3.125 
7 1 mL 1 mL of #6 1.5625 
8 1 mL 1 mL of #7 0.78125 
9 1 mL 1 mL of #8 0.3906 
Blank (MiliQ) - - 0 
 
Analysis Phenol sulphuric acid method   
(Underwood et al 1995, Liu et al 1973, Dubois et al 1956) 

-‐ Use heat resistant reagent tubes  
-‐ Add 450 µL sample and 50 µL 50 % phenol 
-‐ Vortex the tube 
-‐ Quickly add 1.25 mL sulphuric acid (concentration i.e. 96 % analytical) with 

multipipet ( directed onto the liquid surface for fast mixing) and hold tube facing 
away since the solution will heat up and maybe cook 

-‐ Vortex again 
-‐ Let it stand for 15 min at room temperature (colour is stable for a long time) 
-‐ Repeat with the other samples 
-‐ Pipette the diluted glucose series into the first 10 wells of a microtiterplate (8x10 

wells) (And mark correctly!). Repeat this for the next 10 wells to double check 
the accuracy. 

-‐ Pipette (in duplo) 200 µL of the phenol sulpuric acid sample into microtiterplate 
-‐ Close lid and measure at 490 nm ( Wallac 1420 Multilable Counter Victor) 

 
Waste 
All contaminated plastics and gloves are to be thrown away into the blue bin with yellow 
cap. EtOH and phenol sulphuric acid waste goes into the appropriate waste tanks with 
own code 


